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1  | INTRODUC TION

Rift Valley fever phlebovirus (RVFV) is an arthropod- borne virus (arbo-
virus) belonging to the order Bunyavirales that can cause severe disease 

in ruminants and humans (Bird et al., 2009). The enveloped RNA virus 
has a tripartite genome comprising negative- sense large (L) and me-
dium (M) segments and an ambisense small (S) segment, encoding the 
RNA- depending RNA polymerase, the glycoproteins Gn and Gc, the 
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Abstract
Rift Valley fever phlebovirus (RVFV) is an arthropod- borne virus that can cause se-
vere disease in ruminants and humans. Epidemics occur mainly after heavy rainfall, 
which leads to a significant increase in the occurrence of RVFV- transmitting mosqui-
toes. During inter- epidemic periods, the virus is assumed to be maintained between 
mosquitoes, susceptible livestock and yet unknown wildlife. The widespread rodent 
Rattus rattus (black rat) has been suspected to be involved in RVFV maintenance. 
In order to elucidate its susceptibility and thus its possible role in the transmission 
cycle of the virus, an experimental infection study was performed. Black rats were 
subcutaneously infected with highly virulent RVFV strain 35/74 and euthanized on 
days 3, 14 and 28 post- infection. Additional black rats served as non- infected con-
tact animals. The infected black rats showed high susceptibility to RVFV infection. 
Generation of RVFV- neutralizing antibodies was found, and the rats developed vi-
raemias lasting up to 17 days. Viral RNA was found in tissues until the last day of the 
experiment. However, neither a clinical manifestation nor virus- induced histopatho-
logical lesions were observed in any rat. These findings indicate the persistence of 
RVFV in black rats without affecting the animals. In contact animals, no evidence 
of horizontal RVFV transmission was found, although the co- housed infected rats 
showed oral, rectal and conjunctival RVFV shedding. Results of this study point to 
an involvement of black rats in the RVFV transmission cycle, and further studies are 
needed to investigate their potential role in the maintenance of the virus.
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nucleoprotein NP, and the non- structural proteins NSm and NSs. The 
latter is known to be the major factor of virulence (Pepin et al., 2010).

RVFV was first described in 1931 in Kenya, causing so- called 
‘abortion storms’ with newborn fatality rates of up to 100% in 
livestock (Daubney & Hudson, 1931). The virus primarily effects 
ruminants and humans, but a wide range of other vertebrates are 
also known to be susceptible to RVFV (Olive et al., 2012). Over 
40 different mosquito species were found to be naturally infected 
with the arbovirus (Chevalier et al., 2010; Linthicum et al., 2016). 
In ruminants, the infection mainly occurs via the bite of RVFV- 
infected mosquitoes, whereas humans can also become infected 
through contact with infected animals or their tissues (Chevalier 
et al., 2010). Humans usually develop a flu- like febrile illness, but 
in about 1% of patients, severe neurological disorders, blindness 
or even fatal haemorrhagic fever can occur (Bird et al., 2009). So 
far, Rift Valley fever (RVF) outbreaks have been restricted to the 
African continent and the Arabian Peninsula, but sudden out-
breaks in distant, previously unaffected areas demonstrate the 
dissemination potential of the virus (Balkhy & Memish, 2003; 
Digoutte & Peters, 1989; Freed, 1951; Meegan et al., 1979). The 
transmission cycle of the virus is divided into an enzootic and an 
epidemic cycle. The epidemic cycle mainly occurs after heavy rain-
fall, leading to a significant increase in the mosquito population, 
which raises the probability of virus transmission between mos-
quitoes and susceptible hosts. During the enzootic cycle, the virus 
is believed to be maintained by transovarial transmission (Aedes 
spp.) within the mosquito population and sporadic infections of 
susceptible livestock and wildlife (Rissmann et al., 2019), but the 
wildlife contributing to the maintenance of the virus has not yet 
been identified (Olive et al., 2012). In general, several character-
istics are necessary for an animal to serve as viral amplification 
host: the general susceptibility to the pathogen with the develop-
ment of a viraemia, but without severe clinical manifestation and 
a shared habitat with mosquitoes that facilitates the probability of 
virus transmission (Rodhain, 1998). Although there is evidence of 
rodents being involved in RVFV maintenance, published data are 
contradictory and not conclusive. Data indicate that Arvicanthis ni-
loticus, Micaelamys namaquensis and Rattus rattus have the highest 
probability of being involved in the RVFV transmission cycle and 
research should be continued (Olive et al., 2012).

Rattus rattus (black rat) is a widespread rodent in Africa, which 
is also suspected to serve as reservoir for other arboviruses (Diagne 
et al., 2017). It has been introduced to all regions where RVF epi-
demics have occurred (Olive et al., 2012). Already during the first 
described RVF outbreak, black rats were observed to be suscepti-
ble to the virus (Daubney & Hudson, 1932). RVFV was detected in 
brain (Imam et al., 1979) and blood (Youssef & Donia, 2002) of Rattus 
rattus and they were also found to carry RVFV- specific antibodies 
(Gora et al., 2000; Hoogstraal et al., 1979; Youssef & Donia, 2001). 
Additionally, a vector– host interaction between mosquitoes and 
black rats has been demonstrated (Lutomiah et al., 2014). Together, 
these findings suggest a role of Rattus rattus in the virus’ ecology. 
In the past, experimental infection studies with in- bred rats (Rattus 

norvegicus) have shown that rats differ markedly in their suscepti-
bility to RVFV depending on their genetic background (Anderson 
et al., 1987; Peters & Slone, 1982; Ritter et al., 2000), demonstrating 
that only a survey of Rattus rattus can provide information on their 
potential role as RVFV amplification hosts. However, only an exper-
imental infection of two black rats has been carried out previously, 
resulting in the development of viraemia (Hoogstraal et al., 1979).

To elucidate the role of Rattus rattus in the RVFV transmission 
cycle, we performed an experimental infection with black rats. The 
aim of this study was to investigate their susceptibility to RVFV, the 
course of an infection and the possibility of virus persistence. Twelve 
black rats were subcutaneously infected with RVFV strain 35/74, 
and virus shedding, virus replication in tissue and immune responses 
were analysed. Three additional black rats served as non- infected 
contact animals to verify horizontal transmission.

2  | MATERIAL S AND METHODS

2.1 | Virus and cell culture

RVFV strain 35/74 (accession number: JF784386- 88), recombinantly 
produced and kindly provided by Jeroen Kortekaas (University 
of Wageningen, Wageningen Bioveterinary Research, Lelystad, 
Netherlands), was grown on BHK 21 cells (baby hamster kidney cells, 
Collection of Cell Lines in Veterinary Medicine, Friedrich- Loeffler- 
Institut). To determine the virus titre, a 50% Tissue Culture Infective 
Dose (TCID50) assay was used. Serial diluted RVFV 35/74 was added 
on 90% confluent monolayers of BHK 21 cells. After incubation at 
37°C, 5% CO2 for six days, cells were fixed with neutral buffered for-
malin and stained with crystal violet and the TCID50 was calculated 
as described by Spearman and Kärber (Kärber, 1931).

2.2 | Animals and experimental design

Eighteen adult black rats (Rattus rattus, Tilbury strain, RR1- 18), 
nine females and nine males, were purchased from Franz- Rainer 
Matuschka (University of Potsdam, Potsdam, Germany). The rats 
were kept at biosafety level 3 (BSL- 3) containment facilities of the 
Friedrich- Loeffler- Institut, Insel Riems. Up to three black rats of the 
same sex were kept together in a cage.

During an adaptation period of one week, blood and swab sam-
ples of all rats were tested negative for RVFV by quantitative real- 
time RT- PCR (qRT- PCR). Additionally, blood samples were tested 
negative for RVFV- specific antibodies in the serum neutralization 
test (SNT).

At the start of the experiment, 12 of 18 black rats were subcu-
taneously infected with 0.25 ml of 1 x 105 TCID50/ml RVFV 35/74. 
This viral infection dose was selected based on literature (Anderson 
et al., 1987; Ritter et al., 2000). The other six rats received 0.25 ml of 
sterile medium. Three of those six non- infected rats were kept sep-
arately as negative controls (RR16- 18) and the other three rats were 

info:refseq/JF784386%201088
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each kept together with two infected rats to determine the possibil-
ity of a horizontal infection (contact animals: RR5, RR10 and RR14).

Blood and oral, conjunctival and rectal swab samples were taken 
at day post- infection (dpi) 2, 3, 4, 5, 6, 7, 8, 11, 14, 17, 21 and 24. Blood 
samples were additionally taken at dpi 1 and 28. The body weights 
were also measured on the sampling days. To minimize the stress for 
the animals and to facilitate the handling, the rats were anaesthetized 
by intramuscular injection of tiletamine– zolazepam (Zoletil®, Virbac) 
before interventions. Furthermore, rats were divided into two groups 
that were sampled alternately during the first 8 days. All animals were 
observed daily for behavioural and clinical anomalies.

Four infected rats, one contact animal and one negative 
control rat each were killed at dpi 3, 14 and 28 (Table S1). The 
rats were injected with pentobarbital sodium (Release®, WDT- 
Wirtschaftsgenossenschaft deutscher Tierärzte eG) after anaes-
thetization and subsequently bled by cardiac puncture. Specimens 
of livers, lungs, spleens, kidneys, hearts, brains and intestines were 
collected.

2.3 | Serology

Serology was performed with heat- inactivated sera taken during 
euthanasia.

Serum samples were tested with the ID Screen® Rift Valley 
Fever Competition Multi- species ELISA (IDvet) that is based on the 
RVFV NP. The ELISA was conducted according to the manufactur-
er's specifications. It verifies the presence of IgG and IgM antibodies 
without distinguishing between both antibody isotypes.

A serum neutralization test (SNT) was performed as recom-
mended in the OIE Terrestrial Manual (OIE World Organisation for 
Animal Health, 2012, OIE World Organisation for Animal Health, 
2018). Duplicates of diluted sera [1:10– 1:2,560] were added to 
100 TCID50 of RVFV 35/74 and 3 x 105 BHK 21 cells/ml. After incu-
bation for 6 days at 37°C and 5% CO2, cells were fixed with neutral 
buffered formalin and stained with crystal violet and neutralizing 
doses of 50% (ND50) were calculated.

To identify antigen- specific IgG antibodies, Nunc MaxiSorp® 
flat- bottom plates (Thermo Fisher Scientific) were coated with 4 µg/
ml recombinant bacterially expressed antigens NP, Gn, Gc, NSm and 
NSs. After incubation (4°C) overnight, plates were washed three 
times with phosphate- buffered saline and 0.1% Tween- 20. To block 
non- specific bindings, 10% skim milk was added and incubated 
(37°C) for 1 hr. After washing, skim milk (2%) diluted samples [1:25] 
were added and likewise incubated. Following washing, 15 µg/ml 
goat anti- rat IgG antibody (dianova GmbH) was added and incubated. 
Plates were washed, and a 1:5,000 diluted donkey anti- goat- HRPO 
antibody (dianova GmbH) was added and also incubated as before. 
After washing, 2,2′- azino- di- (3- ethylbenzothiazoline sulphonic acid; 
ABTS; F. Hoffmann- La Roche AG) was added and incubated (room 
temperature, 30 min) in the dark. Finally, the reaction was stopped 
with the addition of 1% sodium dodecyl sulphate (SDS). Reading was 
performed at 405 nm.

2.4 | Detection of RVFV- specific RNA

RNA was extracted from blood cruor, swab medium and tissues using 
the NucleoMag® VET kit (MACHEREY- NAGEL GmbH & Co. KG) 
for a magnetic- bead based isolation of viral RNA, according to the 
manufacturer's recommendations. Prior to extraction, an MS2 bacte-
riophage was added to each sample as an internal extraction control 
(Ninove et al., 2011). The presence of RVFV- derived RNA was ana-
lysed in a qRT- PCR (Bird et al., 2007) using the QuantiTect® Probe 
RT- PCR Kit (Qiagen) and quantified with a synthetic calibrator RNA 
(Jackel et al., 2013). Samples containing more than 1 copy/µl of RVFV- 
specific RNA were considered positive (Bird et al., 2007).

2.5 | Quantification of viral loads

A TCID50 assay of all samples tested positive by qRT- PCR was 
performed on BHK 21 cells in a fourfold determination. The sam-
ples were diluted from 10– 1 to 10– 5, and following steps were 
performed as described before. RVFV 35/74 was used as positive 
control.

2.6 | Next- generation sequencing

Next- generation sequencing (NGS) was conducted to verify whether 
changes in the viral genome have occurred in the rats. Extracted 
RNA of the lungs with the highest viral RNA load in qRT- PCR (RR8) 
was used to create a DNA library with the Illumina MiSeq System 
(Illumina, Inc.; Wylezich et al., 2018). The DNA library was se-
quenced with the MiSeq Reagent Kit v3 (600- cycles; Illumina, Inc.). 
Sequences were assembled from RVFV- assigned and unclassifiable 
reads using 454 Software Suite v3.0 (Hoffmann- La Roche AG). The 
analysis of the sequences was performed with MegaBLAST (blast 
2.6.0, build Dec 7 2016 14:50:34).

2.7 | Necropsy, histopathology and 
immunohistochemistry

Necropsy was performed in a BSL- 3 safety cabinet. Specimens from 
liver, lungs, spleen, kidney, heart, brain and intestine were fixed in 
4% neutral buffered formaldehyde, processed, embedded in paraffin 
wax, sectioned at 2– 4 µm thickness and stained with haematoxylin 
and eosin (HE). Slides were assessed for histopathological lesions 
using a Zeiss Axio Imager A1 microscope (Carl Zeiss Microscopy).

Immunohistology was performed with the avidin– biotin– 
peroxidase complex method (ABC, Elite PK6100; Vector 
Laboratories) with 3- amino- 9- ethylcarbazole (AEC, Dako) as chro-
mogen and haematoxylin counterstain. The primary antibody used 
for the detection of RVFV NP was a heat- inactivated serum of a 
sheep immunized with RVFV MP12- strain NP (internal code: S24NP) 
in a dilution of 1:4,000. RVFV MP12- strain- infected and uninfected 
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Vero 76 cell pellets served as positive and negative controls, respec-
tively. The distribution of the RVFV antigen was semiquantitatively 
assessed for each organ on a 0– 3 scale as follows: 0 = no viral an-
tigen, 1 = focal or oligofocal, 2 = multifocal and 3 = confluent to 
diffuse immunoreactive cells.

3  | RESULTS

3.1 | Clinical assessment

Throughout the experiment, the rats showed no clinical signs after 
infection with RVFV 35/74 and their weights remained constant 
(Figure S2).

3.2 | Serology

In the ID Screen® ELISA, no antibodies against RVFV were found 
at dpi 3. In contrast, at dpi 14 and 28, antibodies were detectable in 
all sera of infected animals and immune responses increased from 
dpi 14 to 28 (Figure 1a). In sera of contact animals (dpi 3, 14 and 28), 
no seroconversion was detected.

Generation of RVFV- neutralizing antibodies was found in all in-
fected rats from dpi 14, and ND50 values increased during the course 
of the experiment (Figure 1b). No generation of neutralizing antibod-
ies was detected in contact animals.

An increase in RVFV- specific antibodies from dpi 14 was also 
detected in the indirect IgG ELISA. Comparison of antigen- specific 
immune responses revealed highest immune responses against 
NP, followed by Gn and NSm. An increase in antibodies against 
NSs was detectable, but the mean optical density (OD) at dpi 28 

remained below OD values of NP, Gn and NSm at both dpi 14 and 
28. Against Gc, no antibody generation was observed (Figure 2). 
Sera from contact animals showed no increase in RVFV antibodies.

3.3 | Detection of RVFV- specific RNA and 
quantification of viral loads

By qRT- PCR, the presence of viral RNA in blood was observed be-
tween dpi 2 and 21, with a peak of the mean viral RNA load between 
dpi 5 and 7 (Figure 3a). The first evidence of RVFV- specific RNA in 
blood cruor (4.96 copies/µl, RR9, Figure S3) was found at dpi 2. At 
dpi 5, the highest RNA load (56,084 copies/µl, RR12) was detected. 
One rat still showed evidence of viral RNA in blood (12.72 copies/
µl, RR15) at dpi 21. In blood cruor of all eight rats that were kept 
longer than dpi 3, the presence of viral RNA was observed, whereas 
no RVFV- specific RNA was detected in blood of animals euthanized 
at dpi 3 and in blood of contact animals.

In the TCID50 assay, RVFV replication was detected in blood be-
tween dpi 4 (up to 1,778 TCID50/ml, RR9) and dpi 14 (316.23 TCID50/
ml, RR9), with the highest viral load found at dpi 5 (10,000 TCID50/
µl, RR15; Figure 

3b). In all animals that showed evidence of viraemia in qRT- PCR, 
replicable virus was also detected.

Examination of swab samples in qRT- PCR revealed oral, 
conjunctival and rectal RVFV shedding of infected black rats 
(Figure 4a). Oral shedding was detected in all eight rats kept longer 
than dpi 3, while seven of these rats showed rectal virus shedding. 
Conjunctival shedding was detected in five animals. First evidence 
of shedding was detected in an oral swab sample at dpi 4. Oral 
shedding peaked at dpi 8 (up to 15,154 copies/µl, RR9) and lasted 
until the last sampling at dpi 24. The first positive rectal swab was 

F I G U R E  1   Serology. Mean immune responses of the four tested rats per dissection day with corresponding standard deviation. Contact 
animals showed no seroconversion. (a) Competition ELISA. The cut- off is indicated by the black line. (b) Serum neutralization test (SNT). 
Neutralizing titres above 1:10 were detected
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found at dpi 6. Rectal shedding also lasted until dpi 24 and peaked 
at dpi 8 (up to 198.51 copies/µl, RR9) and 21 (up to 379.10 cop-
ies/µl, RR12). In conjunctival swabs, viral RNA was detected be-
tween dpi 8 and 14 with the highest mean RNA load at dpi 8 (up to 
64.71 copies/µl, RR9). Within an animal, oral, rectal and conjunc-
tival RVFV shedding mostly showed coherent courses (Figure S3). 
Recurrent shedding was observed in three rats. In swab samples of 
contact animals, no RVFV- specific RNA was found.

Replicable RVFV was found in all three swab types taken (Figure 4b). 
In oral swabs, virus was found at dpi 6, 11 and 14. The highest viral 
load was detected in oral swabs at dpi 6 and 11 (316.23 TCID50/ml, 
RR13, RR6). In rectal swabs, virus replication was detected at dpi 8 
(56.23 TCID50/ml, RR8), while in conjunctival swabs, evidence of RVFV 
replication was found in a swab at dpi 14 (56.23 TCID50/ml, RR13).

With the exception of one rat (RR2), RVFV- specific RNA was 
found in tissues of all infected animals and it was detected in all 
seven examined tissues (Figure 5).

In livers, highest RNA loads were found at dpi 3 (up to 9,762 cop-
ies/µl, RR3) and decreased during the experiment (Figure 6). In the 

other extracted tissues, most viral RNA was detected at dpi 14. 
Highest RNA loads were measured in lungs (up to 5,000,534 cop-
ies/µl, RR8), followed by kidneys (up to 202,484 copies/µl, RR8) 
and intestines (up to 55,883 copies/µl, RR8). In spleens, viral RNA 
loads of up to 6,700 copies/µl (RR9) were observed and up to 
4,676 copies/µl and 3,284 copies/µl (RR9) were detected in hearts 
and brains. At dpi 28, most RVFV- specific RNA was found in a kid-
ney (6,032 copies/µl, RR13). In tissues of contact animals, only the 
intestine of one animal (5.44 copies/µl, RR10) showed evidence of 
RVFV RNA.

The TCID50 assay of tissue samples revealed the presence of rep-
licable RVFV in livers, lungs, spleens and kidneys, whereas for hearts, 
brains and intestines, no virus replication was observed (Figure 7). At 
dpi 3, replicable virus was only detected in livers. At dpi 14, all four 
infected rats had detectable viral loads in livers and lungs and one 
animal additionally showed evidence of replicable RVFV in spleen 
and kidney. At dpi 28, the presence of replicable virus was detected 
in the lungs of one rat. Highest viral loads in tissues were found at 
dpi 14 in lungs and liver of an animal (Table 1A).

F I G U R E  2   Antigen- specific indirect 
IgG ELISA. Mean immune responses 
against Gn, Gc, NSm, NSs and NP of 
the four tested rats per dissection 
day with corresponding standard 
deviation. Contact animals showed no 
seroconversion

F I G U R E  3   Viraemia. Only the sampling days are displayed as a number on the x- axis. Contact animals showed no evidence of RVFV infection. 
(a) qRT- PCR. Mean detected viral RNA in blood cruor per dpi with corresponding standard deviation. (b) Quantification of viral loads. Mean 
detected infectious doses in blood cruor per dpi with corresponding standard deviation. Only samples positive by qRT- PCR were analysed
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The qRT- PCR- positive intestine of the contact animal (RR10) 
showed no evidence of replicable RVFV.

3.4 | Sequence analysis

The sequencing resulted in 2 x 1.06 x 106 reads, and results of the 
MegaBLAST analysis revealed no genomic changes of RVFV 35/74 
in the rats.

3.5 | Necropsy, histopathology and 
immunohistochemistry

Necropsy revealed a variable degree of poorly collapsed 
lungs with multifocal to coalescing white nodules interpreted 
as foam cell granulomas in most rats including non- infected 

controls (Figure S4). Macroscopic lesions typical for RVF were 
absent.

Histopathology demonstrated a variable mild to severe, multi-
focal, perivascular, subacute, lymphohistiocytic interstitial pneumo-
nia associated with alveolar oedema and multifocal, intra- alveolar 
accumulations of hyperplastic, foamy alveolar macrophages and 
cholesterol clefts in nearly all rats including non- infected controls 
(Figure 8a,c). A mild, focal, subacute, lymphohistiocytic and nec-
rotizing hepatitis with some neutrophils was observed in a single 
RVFV- infected rat (RR1) at dpi 3, only. The other histopathologically 
assessed organs revealed no or only minor findings not related to the 
RVFV infection.

Immunohistochemistry highlighted a much more widespread dis-
tribution of RVFV NP antigen as compared to the lesions assessed in 
the HE- stained sections. At dpi 3, 50% of the RVFV- infected rats dis-
played few individual pan- cytoplasmatically RVFV- positive hepato-
cytes without associated lesions (Table 1B). The maximum of virus 

F I G U R E  4   Shedding. Only the sampling days are displayed as a number on the x- axis. Contact animals showed no evidence of virus 
shedding. (a) qRT- PCR. Mean detected viral RNA in swabs per dpi with corresponding standard deviation. (b) Quantification of viral loads. 
Mean detected viral loads in swabs per dpi with corresponding standard deviation. Only samples positive by qRT- PCR were analysed. 
Detectable viral loads were found only in a single rectal and conjunctival swab

F I G U R E  5   Percentage of animals per tissue tested positive by qRT- PCR. Contact animals are not included
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distribution was reached at dpi 14 with 100% of the rats showing 
focal to multifocal RVFV- positive hepatocytes (Figure 8f), and foamy 
alveolar macrophages (Figure 8b), as well as 50% of the rats with 

focal renal RVFV- positive immunoreactions (Figure 8j). There were 
no immunoreactive positive samples in the RVFV- infected animals 
at dpi 28 and none in the uninfected contact animals (Figure 8d,h,l).

F I G U R E  6   Mean detected viral RNA (qRT- PCR) in tissues of the four tested rats per dissection day with corresponding standard 
deviation. Contact animals are not included

F I G U R E  7   Quantification of viral loads. Mean detected viral loads in tissues per dissection day with corresponding standard deviation. 
Only samples positive by qRT- PCR were analysed. Contact animals are not included
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4  | DISCUSSION

The aim of the study was the evaluation of Rattus rattus as possi-
ble RVFV reservoir and amplification host and therefore analys-
ing its susceptibility to RVFV and the persistence of the virus. 
Furthermore, horizontal transmission between black rats was ex-
amined. In this study, rats developed a viraemia and RVFV- specific 
antibodies. As eight out of 12 infected rats also showed evidence 
of RVFV replication in tissue, it can be concluded that black rats are 
susceptible to RVFV infection. Despite of this susceptibility, no clini-
cal RVF manifestation was observed in any rat. None of the animals 
showed changes in weight or behaviour. Consequently, according to 
F. Rodhain (Rodhain, 1998), the necessary characteristics to serve as 
an amplification host are given in these rats.

The investigation of the immunocompetence of black rats 
against RVFV revealed IgG generation and the presence of RVFV- 
neutralizing antibodies from dpi 14. The comparison of antigen- 
specific immune responses showed highest immune responses to 

NP, followed by Gn, NSm and the major factor of virulence NSs. This 
is consistent with previous studies that reported highest antibody 
reaction against NP and comparable low immune responses to NSs 
after infection with RVFV (McElroy et al., 2009; Pepin et al., 2010).

Despite the presence of neutralizing antibodies, viraemia lasted 
for up to 17 days. Replicable RVFV was detected in blood from dpi 4– 
14, and viral RNA was detected for seven more days (dpi 3– 21). The 
duration of viraemia is comparable to that of highly susceptible rumi-
nants. In sheep, the experimental infection with RVFV 35/74 resulted 
in viraemia for up to 7 days (Oreshkova et al., 2013) and the pres-
ence of viral RNA until dpi 16 was previously described (Kortekaas 
et al., 2012). A viral load above 104.5 plaque- forming units/ml was 
proposed to be sufficient for RVFV host– mosquito transmission 
(Golnar et al., 2014). Viral RNA levels in blood of susceptible small 
ruminants can reach over 109 copies/ml (Oreshkova et al., 2013), and 
titres of up to 106 TCID50/ml can be detected (Kortekaas et al., 2012). 
In this study, viraemia of up to 104 TCID50/ml was found in black rats. 
Since differences between the loads of viral RNA in serum and blood 

F I G U R E  8   Lack of virus- induced histopathological lesions despite immunohistological proof of RVFV NP antigen in (b) alveolar 
macrophages, (f) hepatocytes and (j) renal tubular epithelia at dpi 14. (a, b, e, f, i, j) Rattus rattus. RVFV 35/74, subcutaneous infection, dpi 14. 
(c, d, g, h, k, l) Rattus rattus. Mock- infected negative control, subcutaneous inoculation, dpi 14. (a– d) Lungs. The lungs of the RVFV- infected 
and the mock- infected rat show a comparable, moderate, multifocal, perivascular, subacute, lymphohistiocytic interstitial pneumonia with 
alveolar oedema and hyperplasia of foamy alveolar macrophages suggestive of a Pneumocystis spp.- induced pulmonary pneumocystosis, 
which is interpreted as a background lesion. (e– h) Liver. (i– l) Kidney. (a, c, e, g, i, k) Haematoxylin– eosin; bar = 50 µm. (b, d, f, h, j, l) RVFV 
immunohistochemistry, avidin– biotin– peroxidase complex method including heat- induced epitope retrieval, a polyclonal sheep anti- RVFV  
MP12- strain NP antiserum (internal number: #SP24; diluted 1:4,000), 3- amino- 9- ethylcarbazole as chromogen (red- brown) and haematoxylin 
counterstain (blue); bar = 20 µm

(a) (b) (c) (d)

(e) (f) (g) (h)

(i) (j) (k) (l)
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cruor samples have been described before (B. Gutjahr & R. König, 
unpublished data), TCID50 values may actually be higher in the cir-
culating blood. We therefore assume that RVFV transmission from 
black rats to mosquitoes is possible, although viral loads found in 
this study are below the viral titre previously proposed as required. 
Other data also indicate that thresholds for virus transmission from 
animals to mosquitoes differ among different mosquito species and 
species biotypes (Vloet et al., 2017). The long viremic phase of up to 
17 days may result in an increased likelihood of RVFV transmission 
to mosquitoes, although other studies have shown that transmission 
from sheep to mosquitoes can only occur during the peak of virae-
mia (Vloet et al., 2017). In black rats, viraemia peaked between dpi 5 
and 7, but at dpi 14 again high amounts of viral RNA were found in 
blood cruor. Together, these findings demonstrate that further com-
prehensive experimental infection studies are needed to evaluate 
RVFV transmission from black rats to different mosquito species.

RVFV RNA was found in all seven examined tissues and in six 
tissues, it was detected until the last day of the experiment (dpi 28). 
These results are remarkable compared to those obtained in sus-
ceptible small ruminants. In various infection studies, viral RNA was 
found in kidneys, livers, spleens or brains (Busquets et al., 2010; 
Miller et al., 2015; Oreshkova et al., 2013; Wilson et al., 2016), but 
animals are often only positive in some of their tissues and virus 
can mostly not be found longer than dpi 21 (Busquets et al., 2010; 
Wilson et al., 2016). The results of this study may indicate RVFV per-
sistence in tissues of black rats, but to gain closer insights, the course 
of the infection after dpi 28 has to be further investigated. Despite 
of the high viral RNA amounts detected in tissues, the TCID50 assay 
revealed low viral loads and in hearts, brains and intestines, no repli-
cable virus was found. Other studies have also shown that qRT- PCR 
is much more sensitive than virus isolation and that virus can only be 
isolated from samples containing RNA levels higher than 105 cop-
ies/ml (Kortekaas et al., 2012; Wichgers Schreur et al., 2016). In this 
study, viral loads could also be quantified in samples with lower lev-
els of viral RNA. Additionally, we found a positive correlation be-
tween RNA levels in lungs, livers and kidneys and positive results 
in the immunohistochemistry (Table 2). Most of the tissue samples 

with detectable viral loads were also positive in the immunohisto-
chemistry (Table 1). In immunohistochemistry, viral NP was found 
in livers, lungs and kidneys of animals euthanized at dpi 3 and 14. 
Despite this evidence of viral replication, no unequivocally virus- 
induced histopathological lesions were observed in any tissue at any 
sampling day. These findings suggest virus persistence in tissues of 
black rats without affecting the animals. They differ markedly from 
results of RVFV infection studies on susceptible ruminants in which 
pathological lesions occur in the infected animals (Wichgers Schreur 
et al., 2016; Wilson et al., 2016). High viral RNA levels until dpi 28 
without evidence of illness have not been described in any verte-
brate before. Previous experimental studies on in- bred rats revealed 
different infection pattern in rats, depending on their genetic back-
ground. But even rat strains that are less susceptible to RVFV infec-
tion than other strains can develop encephalitic lesions (Anderson 
et al., 1987; Bales et al., 2012). In order to verify whether genetic 
modifications of the virus led to a loss of pathogenicity, NGS was 
performed using RNA of the lungs of the rat with the highest viral 
RNA load. The results revealed that no mutations of the virus oc-
curred in this rat until dpi 14. Therefore, it is possible that the lack of 
pathogenicity may be due to species- specific characteristics of black 
rats regarding RVFV infection, but more in- depth studies need to be 
performed to gain firm knowledge.

Due to its typical manifestation, we suspect the perivascular 
pneumonia with alveolar oedema and hyperplasia of foamy alveolar 
macrophages found in the majority of infected, but also of contact 
and negative control animals, to be caused by a co- existing pulmo-
nary pneumocystosis. As highest RVFV RNA loads were found in 
the rats’ lungs, it is possible that this fungal infection may have af-
fected the course of the viral infection, especially since lungs are not 
considered target tissue of RVFV (Bales et al., 2012). Infection with 
Pneumocystis spp. has already been found in wildlife Rattus rattus 
(Rothenburger et al., 2015), leading to the assumption that a coin-
fection of these two pathogens could also occur in nature. More re-
search is needed to evaluate a possible interplay of both pathogens.

Additionally, in black rats, oral, rectal and conjunctival RVFV shed-
ding was observed until the last sampling day (dpi 24). The recurrent 
evidence of virus shedding again indicates potential RVFV persistence 
in black rats. However, the occurrence of a horizontal transmission was 
not observed in contact animals. We assume that the detection of few 
copies of viral RNA in the intestine of a contact animal (RR10) was due 
to oral RVFV exposure, which did not lead to RVFV replication in the 
animal, as no other evidence of RVFV infection was found in this rat. 
Virus shedding has also been shown in susceptible livestock, but nev-
ertheless conflicting data are published concerning the occurrence of 
horizontal transmission in ruminants (Busquets et al., 2010; Wichgers 
Schreur et al., 2016). It is likely that the behaviour of wild rats differs 
from that of rats kept under laboratory conditions and that aggressive 
behaviour, leading to virus transmission, may occur more frequently in 
the wild. In addition, human infections via aerosol have been described 
repeatedly (Hoogstraal et al., 1979). Therefore, RVFV transmission 
from rats to humans and other vertebrates should remain a concern 
and be further investigated.

TA B L E  2   Correlation between immunohistochemistry and qRT- 
PCR results in tissues

Tissue
Spearman's rank 
correlation rho

95% confidence 
interval p- value

Liver 0.8303 0.5534– 0.9419 .0001

Lungs 0.7929 0.4726– 0.9282 .0004

Spleen n.d. n.d. n.d.

Kidney 0.6009 0.1281– 0.8512 .0178

Heart n.d. n.d. n.d.

Brain n.d. n.d. n.d.

Intestine n.d. n.d. n.d.

Note: Spearman's rank correlation rho: 0 = no correlation, >0 to 
1 = positive correlation and <0 to −1 = negative correlation.
Abbreviation: n.d., not determined.
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In summary, it can be assumed that black rats are likely to be 
involved in the transmission cycle of RVFV, but further research 
is needed to investigate the role of black rats from endemic areas 
in the virus’ maintenance. Experimental studies and field studies 
during both enzootic and epidemic periods will help to assess the oc-
currence of an interaction between black rats and RVFV vectors as 
well as virus transmission from these rats to humans and livestock.
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